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ABSTRACT: The fluorescence of the base analogue 2-aminopurine (2AP) was used to probe bacteriophage
T4 DNA polymerase-induced conformational changes in the template strand produced during the nucleotide
incorporation and proofreading reactions. 2AP fluorescence in DNA is quenched by 2AP interactions
with neighboring bases, but T4 DNA polymerase binding to DNA substrates labeled with 2AP in the
templating position produces large increases in fluorescence intensity. Fluorescence lifetime studies were
performed to characterize the fluorescent complexes. Three fluorescence lifetime components were observed
for unbound DNA substrates as reported previously, but T4 DNA polymerase binding modulated the
amplitudes of these components and created a new, highly fluorescent 10.5 ns component. Experimental
evidence for correlation of fluorescence lifetimes with functionally distinct complexes was obtained by
forming complexes under different reaction conditions. T4 DNA polymerase complexes were formed
with DNA substrates with matched and mismatched primer ends and with A+T- or G+C-rich primer-
terminal regions. dTTP was added to binary complexes to form ternary DNA polymerase-DNA-nucleotide
complexes. The effect of temperature on complex formation was studied, and complexes were formed
with proofreading-defective T4 DNA polymerases. Complexes characterized by the 10.5 ns lifetime were
demonstrated to be formed at the crossroads of the primer-extension and proofreading pathways.

DNA polymerases form many different complexes with
DNA during the course of the nucleotide incorporation and
proofreading reactions. Several structures have been captured
in X-ray crystallographic studies: binary complexes with the
primer-end bound in the polymerase or exonuclease active
center (for example, see refs1-3), ternary enzyme-DNA-
dNTP complexes (for example, see refs4 and 5), and
complexes formed with damaged DNAs (6-8) or DNA
substrates with mismatches at the primer ends (9). While
crystallographic snapshots of DNA polymerase complexes
provide important information about DNA polymerase-
DNA interactions, DNA replication is a dynamic process
(reviewed in ref10), and thus, studies in solution are required
to fully understand all aspects of DNA replication.

One experimental approach that can provide information
about DNA polymerase dynamics and structure is fluores-
cence spectroscopy. For example, DNA can be labeled
extrinsically by tethering a fluorophore to one of the DNA
bases as was done with studies of interactions between the
Klenow fragment and a DNA substrate labeled with a dansyl
fluorophore; both polymerase and exonuclease binding
modes were detected (11). More intimate enzyme-DNA
interactions within the polymerase and exonuclease active

centers of DNA polymerases can be observed with the
fluorescent base analogue 2-aminopurine (2AP).1 Because
2AP is an analogue of adenine that forms a Watson-Crick
base pair with thymine (T) (12), DNA polymerases can
incorporate the 2AP nucleotide (13, 14) and replicate 2AP-
labeled template strands (15-17). The bacteriophage T4
DNA polymerase, however, discriminates in the use of the
2AP nucleotide (d2APTP), prefers dATP for nucleotide
incorporation (17, 18), and actively removes much of the
d2APMP that is incorporated by exonucleolytic proofreading
(18, 19). Thus, 2AP is a useful base analogue to study fidelity
mechanisms employed by phage T4 and other DNA poly-
merases.

Unlike the natural bases, however, 2AP is fluorescent,
which can be exploited to probe DNA polymerase interac-
tions with DNA. 2AP fluorescence is strongly quenched
within strands of RNA (20) and DNA (19, 21), primarily by
interactions between 2AP and the flanking bases (22), but if
protein binding perturbs these interactions, large increases
in fluorescence intensity are observed. For example, a 40-
fold increase in 2AP fluorescence intensity is detected for
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T4 DNA polymerase complexes formed with DNA substrates
labeled with 2AP at the primer terminus compared to the
unbound DNA substrate (19). Fluorescence lifetime studies
revealed that the large increase in fluorescence intensity
observed for these complexes is caused by formation of a
highly fluorescent component with a lifetime (τ) of about
9.4 ns (23). Existence of the 9.4 ns lifetime component was
correlated with formation of complexes in which 2AP at the
primer end is bound in the exonuclease active center (23,
24) with base unstacking produced by a phenylalanine
residue wedged between the two terminal bases (2, 6).

T4 DNA polymerase also forms highly fluorescent com-
plexes with DNA substrates labeled with 2AP in the+1
position in the template strand (Figure 1A) (15-17). A 20-
fold increase in fluorescence intensity is detected when the
exonuclease-deficient D112A/E114A-T4 DNA polymerase
(T4-exo-) binds DNA labeled with 2AP at the+1 position
(Figure 1A; 16). Much smaller increases in fluorescence
intensity are detected for 2AP placed at other positions in
the template strand, which indicates that only the base in
the+1 position is subject to extensive enzyme-induced base
unstacking (16, 23). The large increase in 2AP fluorescence
intensity produced by T4-exo- binding was correlated with
forming polymerase complexes, because the large increase
in fluorescence intensity was not observed for complexes
formed with DNA substrates containing a terminal mismatch,
which favors the formation of exonuclease complexes (16).
Two mechanisms for base unstacking in the template strand
have been observed in DNA polymerase structures that could
explain the increase in 2AP fluorescence: base flipping and
strand bending. Base flipping was detected for a structure
of the large fragment of theThermus aquaticusDNA
polymerase (Klentaq1) (3), and strand bending to various
degrees has been observed in structures of several DNA
polymerases (for examples, see refs4-9).

The DNA sequence of the primer-terminal region affects
the level of fluorescence intensity observed for binary
complexes formed with DNA labeled at the+1 position with
2AP; fluorescence intensity is much higher for complexes
formed with DNA substrates in which the primer-terminal
region has a high content of AT rather than GC base pairs
(16). We proposed that the A+T- or G+C-richness of the
primer-terminal region affects partitioning between two
distinct polymerase complexes. Because increased proofread-
ing is detected for A+T-rich DNA substrates (18, 19, 24,
25), the highly fluorescent binary complexes formed with
A+T-rich DNA substrates were proposed to be complexes
formed at the crossroads of the primer extension and
proofreading reactions (16). On the other hand, because
G+C-richness reduces proofreading (18, 19, 24, 25), the less
fluorescent complexes formed with G+C-rich DNAs were
proposed to be nucleotide preinsertion complexes that are
formed in preparation to bind the next incoming nucleotide.

Fluorescence lifetime experiments were performed to test
these proposals. The fluorescence decay curves for T4 DNA
polymerase binary complexes resolved into multiple fluo-
rescence lifetime components, which indicates the formation
of several complexes with 2AP in different environments.
Evidence for the existence of multiple fluorescent species
and correlation of fluorescence lifetimes with complexes of
defined function were obtained by forming T4 DNA poly-
merase complexes under a variety of experimental conditions

that are known to favor either the formation of polymerase
or exonuclease complexes. Mutant T4 DNA polymerases
with defects in the proofreading reaction were also employed.
These findings provide a basis for interpretation of changes
in 2AP fluorescence intensity observed during the course of
the nucleotide incorporation and proofreading reactions
catalyzed by the T4 DNA polymerase (15-17) and for

FIGURE 1: Interactions of the exonuclease-deficient D112A/E114A-
T4 DNA polymerase (T4-exo-) with DNA substrates labeled with
2AP in the+1 position in the template strand. 2AP is illustrated
as a P. (A) Interactions of T4-exo- with an A+T-rich DNA
substrate. T4-exo- (400 nM) was mixed with 200 nM A+T-rich
DNA to form fluorescent binary complexes as described in the
Materials and Methods. A variety of complexes are formed as
discussed in the text; hypothetical structures with 2AP unstacked
and stacked are illustrated. The addition of dTTP and Mg2+ results
in the incorporation of dTMP opposite template 2AP and a quench
in 2AP fluorescence. Fluorescence intensities are given for unbound
DNA substrates, binary complexes, and complexes formed after
dTMP is incorporated. (B) One of the G+C-rich DNA substrates
used in this study. (C) Interactions of T4-exo- with a chain-
terminated A+T-rich DNA substrate. Binary complexes were
formed as described in A. dTTP was added (150µM) in the
presence of 10 mM Mg2+; formation of the ternary enzyme-DNA-
dTTP complex quenches 2AP fluorescence.
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learning new insights into how DNA polymerases assess the
primer terminus as a substrate for continued primer elonga-
tion or for proofreading.

MATERIALS AND METHODS

DNA Polymerases.Expression, purification, and charac-
terization of the wild-type and mutant T4 DNA polymerases
were described previously (24, 26-28).

DNA Substrates.The DNA substrates have been described
(16, 17). Two of the DNA substrates, an A+T-rich and a
G+C-rich DNA substrate, are illustrated in parts A and B
of Figure 1, respectively. These and other DNA substrates
used in this paper vary only in the primer-terminal region,
which is indicated in bold in the DNA substrates illustrated
in Figure 1. The 2AP phosphoramidite was purchased from
Glen Research. The 3′ terminus of the template strand was
protected from DNA polymerase binding (to direct enzyme
binding to the primer terminus) by a biotin attachment
(BiotinTEG-CPG, Glen Research). The primer and template
DNAs were annealed in buffer containing HEPES (pH 7.6)
and 50 mM NaCl with a 20% excess of the primer strand to
ensure complete hybridization of the template strand.

Fluorescence Intensity Experiments.Fluorescence emission
data for 2AP-labeled DNAs and DNA polymerase complexes
were obtained with a Photon Technology International (PTI)
scanning spectrofluorometer. Samples were excited at 315
nm to minimize excitation of tryptophan residues in the T4
DNA polymerase and fluorescence emission was monitored
at 368 nm. A 2 nmband-pass was used for both the excitation
and emission monochromators. Solutions of complexes were
formed with 200 nM to 1µM 2AP-labeled DNA and DNA
polymerase at 1.5- or 2-fold the concentration of DNA in
buffer containing 25 mM HEPES (pH 7.6), 50 mM NaCl, 1
mM DTT, and 0.5 mM EDTA. For dTTP titration experi-
ments, the dideoxy chain-terminated DNA substrate il-
lustrated in Figure 1C was used. MgCl2 (10 mM), which is
essential for dTTP binding (16), and dTTP at the indicated
concentrations were added to the solution of binary com-
plexes. Note that, while Mg2+ was required for dTTP binding,
the presence or absence of Mg2+ for other complexes did
not affect fluorescence intensities or lifetimes. All experi-
ments were preformed at 20°C, except where indicated.

Fluorescence Lifetime Measurements.Solutions of DNA
(2-4 µM) or complexes (200 nM to 1µM) in buffer [25
mM HEPES (pH 7.6), 50 mM NaCl, 1 mM DTT, and 0.5
mM EDTA] were excited at 315 nm using the frequency-
doubled output from a pulsed dye laser (PTI). The PTI
LaserStrobe Lifetime System is capable of resolving lifetimes
as short as 100-200 ps. Fluorescence emission was moni-
tored at 368 nm, with a band-pass of 6-8 nm. A stroboscopic
optical box car method was used for the determination of
fluorescence lifetimes (29). The instrument response function
was determined by scattering the excitation light with a dilute
solution of nondairy coffee creamer. Decay curves were
averaged from at least seven acquisitions. All experiments
were performed at 20°C, except where indicated.

The fluorescence decay curves were analyzed by a
reconvolution procedure using a nonlinear regression pro-
gram supplied by PTI (29). Fluorescence intensity decay
curves were fit to a sum of exponentials

whereτi values are the fluorescence lifetimes and the pre-
exponentialsRi values are the amplitudes of each component.
Individual fits for each decay curve were obtained by first
determining the minimal number of exponential components
required to adequately represent the data. Good curve fits
for DNA and complexes were obtained with three or four
lifetime components as indicated but not with distribution
fits. Theø2 values of good curve fits (provided by the PTI
software program) ranged between 0.96 and 1.2, and random
distributions of residuals were observed. The reported errors
come from assessment of confidence limits.

A global-fitting procedure that links fluorescence lifetimes,
also supplied by PTI, was used to determine if T4 DNA
polymerase complexes formed under different experimental
conditions shared a common set of lifetime components. For
many experiments, the lifetime values obtained by fitting
individual curves and by global analysis did not vary
significantly. The results of global analyses are presented in
Figures 3-5, and the results of individual curve fits are given
in Supplemental Tables 1-4 in the Supporting Information.

Because more than one exponential term was required to
fit the decay curves in our studies, number-averaged fluo-
rescence lifetimes were computed according to the equation

The valueτnum is proportional to the quantum yield in the
absence of static quenching.

RESULTS

Fluorescence Lifetimes of the 2AP Base, 2AP in DNA, and
2AP-Labeled DNA Bound by T4 DNA Polymerase.Time-
resolved fluorescence decays for 2AP in different environ-
ments are shown in Figure 2. While the decay curve for the
2AP base was monoexponential with a fluorescence lifetime
(τ) of about 12.3 ns, the decay curves for the unbound A+T-
and G+C-rich 2AP-labeled DNA substrates (illustrated in
parts A and B of Figure 1) and for T4-exo- binary complexes
formed with these DNAs were more complex (Table 1).
Three lifetime components were required to obtain good fits
for the fluorescence decays for the unbound DNAs and T4-
exo- complexes formed with the G+C-rich DNA. Attempts
to fit the fluorescence decays with fewer lifetimes were
unsuccessful as judged byø2 values and by the distribution
of residuals (Figure 2). Previous fluorescence lifetime studies
of DNA labeled with 2AP in various positions also resolved
three or four lifetimes, which indicates that the natural
flexibility of DNA in solution places 2AP in different
environments (21, 30). Subtle differences in the fluorescence
lifetimes for the unbound A+T- and G+C-rich DNAs were
observed, which was expected because DNA sequence effects
on 2AP fluorescence have been reported (21, 30-32).

The decay curves for complexes formed with T4-exo- and
the A+T-rich DNA substrate could be fit with either three
lifetime components or four, if the longest lifetime compo-
nent was fixed. For three component curve fits, a single
lifetime of about 9-10 ns replaced the 8.3 and 10.5 ns

I(t) ) ∑
i)1

n

Rie
-t/τi

〈τnum〉 ) ∑
i)1

n

Riτ/∑
i)1

n

Ri (2)

15676 Biochemistry, Vol. 44, No. 48, 2005 Hariharan and Reha-Krantz



components obtained for curve fits with four components
(Table 1). While it is normally not possible to recover decay
components that differ by just 20% (8.3 and 10.5 ns) from
a single decay curve, observations from several experiments
reported below provide evidence for the formation of
complexes characterized by the 10.5 ns lifetime and, thus,
justify the curve fits with four components.

The major lifetime component detected for the unbound
2AP-labeled DNAs was 0.4 ns, which is much less than the
12.3 ns lifetime measured for the 2AP base (Table 1) and
demonstrates that 2AP fluorescence in DNA is quenched,
as reported (20, 21). T4-exo- binding, however, increased
the fluorescence of 2AP in DNA by 20-fold for the A+T-
rich DNA and by 12-fold for the G+C-rich DNA compared
to the unbound DNAs (Table 1). For complexes formed with
the A+T-rich DNA, the increase in 2AP fluorescence
intensity was caused primarily by an abundant 10.5 ns

fluorescence lifetime component that was not detected for
the unbound DNAs or for complexes formed with the G+C-
rich DNA (Table 1). The 0.7 ns component was the most
abundant species detected for complexes formed with the
G+C-rich DNA (Table 1).

When multiple fluorescent components are resolved from
fluorescence decay curves, it is necessary to obtain cor-
roborating evidence for their existence, which we provide
in the following experiments. Because different experimental
conditions were used to favor the formation of polymerase
or exonuclease complexes, changes in fluorescence intensity
are predicted to be mainly due to changes in ground-state
populations.

dTTP Titrations of T4-exo- Binary Complexes Formed
with Chain-Terminated DNA Substrates: Formation of
Nucleotide Insertion Complexes.We observed previously that
addition of dTTP/Mg2+ to binary complexes formed with
T4-exo- and the chain-terminated A+T-rich DNA substrate
illustrated in Figure 1C quenches 2AP fluorescence in a
concentration-dependent manner and allows determination
of theKd for dTTP binding, which is about 34µM (16, 17).
Fluorescence lifetime studies were performed to learn more
about the quenching mechanism. Because the addition of
dTTP forces the formation of ternary enzyme-DNA-dTTP
complexes (Figure 1C) and, thus, redistributes ground-state
populations, the decrease in fluorescence intensity is pre-
dicted to be caused by formation of less fluorescent ternary
complexes at the expense of more fluorescent binary
complexes. This was observed (Figure 3A). As the concen-
tration of dTTP increased, amplitudes of the 10.5 and 3.2
ns components decreased, while the amplitude of the shortest
lifetime component, 0.8 ns, increased (Figure 3A). The
amplitude of the 8.3 ns component first increased and then
decreased as the concentration of dTTP increased.

The decay curves for each dTTP concentration were first
analyzed individually (Supplemental Table 1 in the Sup-
porting Information), but satisfactory fits were also obtained
by global analysis (Figure 3A). The satisfactory fits for global
analysis are consistent with the model that the addition of
dTTP redistributes the ground-state populations of complexes
without altering the lifetimes of the individual components,
which is further supported by the linearity of the Stern-
Volmer plot (Figure 3B).

A dTTP titration was also done with complexes formed
with T4-exo- and the chain-terminated G+C-rich DNA
(Supplemental Table 1 in the Supporting Information). These
decay curves were fit with three exponential components
because the 10.5 ns species was not detected for complexes
formed with the G+C-rich DNA. As the concentration of
dTTP increased, amplitudes of the two longest lifetime
components, about 8.3 and 3.2 ns, decreased, while the
amplitude of the shortest lifetime components (0.6-0.7 ns)
increased. For T4-exo- complexes formed with either the
chain-terminated A+T- or G+C-rich DNAs, dTTP drove the
formation of primarily a single species (g90%), which was
characterized by the shortest lifetime detected for complexes,
0.6-0.8 ns. Thus, fluorescent complexes characterized by
lifetimes of about 0.6-0.8 ns are correlated with the
formation of ternary complexes with dTTP bound opposite
template 2AP (Figure 1C).

Formation of Exonuclease Complexes with Mismatched
DNA Substrates.Although the A+T-rich DNA substrates

FIGURE 2: Time-resolved fluorescence decays for 2AP in different
environments. Decay curves for the 2AP base, binary complexes
formed with T4-exo- and A+T- and G+C-rich DNA substrates,
and unbound DNAs are shown. The smooth lines are the best-fit
curves; residuals for each fit are shown in the lower panels. The
fluorescence lifetimes and pre-exponential factors are listed in Table
1.
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are correctly base-paired, one or more of the lifetime
components detected in the complexes could be due to the
formation of exonuclease complexes because T4 DNA
polymerase degrades duplex DNA in the absence of nucle-
otides (33), particularly A+T-rich DNAs (34). To enhance

the formation of exonuclease complexes, binary complexes
were formed with preformed mismatched DNA substrates
with 2AP in the +1 position (Table 2). The mismatched
DNA substrates resemble the A+T-rich DNA illustrated in
Figure 1A except for the mismatches (Table 2). For
complexes formed with the doubly mismatched DNA
substrate with two terminal A-G mismatches, 75% of the
complexes formed with the wild-type T4 DNA polymerase
were characterized by a 2.8 ns lifetime. A 3.0 ns component
was the predominant species formed with T4-exo-, but the
amplitude was less (60%), which was expected because T4-
exo- has reduced ability to form exonuclease complexes (19).

We attempted to drive the formation of complexes with a
single fluorescence lifetime component by increasing the
temperature to 40°C because heating increases strand
separation, which assists the formation of exonuclease
complexes. However, only small increases in the amplitude
of the 2.8-3.0 ns component were observed to produce
maximum amplitudes of 77 and 68% for the wild-type and
T4-exo- polymerases, respectively (Table 2). Thus, the 2.8-
3.0 ns component appears to identify exonuclease complexes,
but because the amplitude of this component reached only
77%, exonuclease complexes may be a dynamic mixture of
complexes with different fluorescence lifetimes and/or small
amounts of other types of complexes are also present.

To address these possibilities, the local environment of
2AP in the single-stranded region of the template strand in
exonuclease complexes was probed by comparing fluores-
cence lifetimes for 2AP placed in the+1 position with 2AP
placed in the “n” (base pairing) or+2 positions (Table 2).
Fluorescence lifetimes and amplitudes for exonuclease
complexes with 2AP in then and +2 positions were very
similar to the distribution of fluorescent components observed
for exonuclease complexes formed with 2AP in the+1
position (Table 2), which suggests that the local environments
of 2AP in then, +1, and+2 positions are similar. Because
the 2.8-3 ns lifetime is longer than the predominant lifetime
of the unbound DNA substrate, 0.4 ns (Table 1), the span of
single-stranded template DNA from then to the+2 position
appears to have a conformation that allows at least transient
base unstacking.

Exonuclease complexes are formed preferentially with
DNAs with 2AP at the 3′ terminus of the primer strand
opposite template T, which indicates that T4 DNA poly-
merase regards the terminal 2AP-T base pair as a mismatch
(19, 23, 24). We repeated these experiments but with 2AP
in the template strand and T at the 3′ terminus of the primer
strand (Table 2). Again, T4 DNA polymerase appeared to

Table 1: Fluorescence Lifetimes of the 2AP Base, 2AP-Labeled DNA, and Binary Complexes Formed with 2AP-Labeled DNA and T4-exo-a

fluorescence lifetimes

state relative intensity τ1 ((0.2) (ns) τ2 ((0.5) (ns) τ3 ((0.5) (ns) τ4 ((0.5) (ns) 〈τnum〉 (ns) ø2

2AP 47 12.3 [1.00] 12.3 1.11
AT-DNA (DNA 1) 1 0.4 [0.84] 3.2 [0.12] 8.3 [0.04] 1.1 1.03
GC-DNA (DNA 2) 1 0.4 [0.84] 2.9 [0.14] 8.2 [0.02] 0.9 0.97
T4-exo-/AT-DNA complexes 20 0.8 [0.20] 3.2 [0.15] 8.3 [0.10] 10.5 [0.55] 7.2 1.02
T4-exo-/GC-DNA complexes 12 0.7 [0.65] 3.5 [0.10] 8.1 [0.25] 2.8 1.19

a Fluorescence lifetimes were determined as described in the Materials and Methods for the indicated molecules and complexes; 2AP is at 200
nM in all cases. The decay curves and fits are shown in Figure 2. DNA 1 and DNA 2 are the A+T- and G+C-rich DNAs illustrated in parts A and
B of Figure 1. Errors in fluorescence lifetime (τ) are indicated in parentheses. The pre-exponential factors (amplitudes) are indicated in brackets;
errors for amplitudes are(0.05. Relative fluorescence intensities of the complexes are with respect to the unbound DNAs. The relative intensity
of 2AP is with respect to the unbound A+T-rich DNA.

FIGURE 3: Formation of ternary T4-exo--DNA-dTTP complexes
as a function of the dTTP concentration. (A) T4-exo- (1.5 µM)
was mixed with 1µM chain-terminated A+T-rich DNA in buffer
containing 10 mM Mg2+. The addition of dTTP quenched 2AP
fluorescence and shifted the distribution of fluorescence lifetime
components as indicated. A common set of four lifetimes was
obtained by global analysis. The fluorescence lifetimes, amplitudes,
and average lifetime values for individual curve fits are given in
Supplemental Table 1 in the Supporting Information for the A+T-
rich DNA illustrated in Figure 1C and for similar experiments with
a G+C-rich DNA substrate. (B) Stern-Volmer plot for the observed
quench in 2AP fluorescence produced by dTTP binding to T4-exo-

complexes.
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form primarily exonuclease complexes because the 2.8 ns
component was the most abundant species.

Heating Binary Complexes Formed with Matched DNA
Substrates Increases the Formation of Exonuclease Com-
plexes and the 3.2 ns Component.Because heating increases
T4 DNA polymerase proofreading of matched DNA sub-
strates (34), presumably by increasing the fraying of the
primer ends, heating binary complexes formed at low
temperature is expected to shift the distribution of complexes
in favor of more exonuclease complexes. For complexes
formed with the wild-type T4 DNA polymerase and the
matched A+T-rich DNA substrate, heating complexes from
10 to 40°C increased the amplitude of the 3.2 ns component
from 44 to 75%, while the amplitude of the 10.5 ns
component remained essentially constant (7-8%); decreases
in the amplitudes of the 0.8 and 8.3 ns components offset
the increase observed for the formation of the 3.2 ns
component (Figure 4). The decay curves were fit individually
(Supplemental Table 2 in the Supporting Information), but
satisfactory fits were also obtained by global analysis (Figure
4), which suggests that heating redistributes the ground-state

populations in favor of species with a lifetime of about 3.2
ns. Note that, while fraying may occur at the ends of the
DNA substrates at 40°C, this temperature is well below the
melting temperature of the A+T-rich duplex substrate, which
is about 57°C. TheTm for the G+C-rich duplex is about 67
°C. Thus, enzyme-DNA complexes are formed with duplex
DNAs under these experimental conditions.

For complexes formed with T4-exo-, only 15% of the
binary complexes formed at low temperature (10-20 °C)
were characterized by the 3.2 ns lifetime compared to 44-
48% of the complexes formed with wild-type T4 DNA
polymerase (global analysis in Figure 4; individual fits in
Supplemental Table 3 in the Supporting Information). The
reduced ability of T4-exo- to form complexes at 10-20 °C
characterized by the 3.2 ns lifetime with the matched A+T-
rich DNA was offset by increased formation of complexes
characterized by the 10.5 ns component (Figure 4). Heating
T4-exo- complexes to 40°C, however, shifted the distribu-
tion of complexes; the amplitude of the 3.2 ns component
increased from 15 to 72%, while the amplitude of the 10.5
ns component decreased from about 55 to 10%. At 40°C,

Table 2: Binary Complexes Formed with Mismatched DNA Substratesa

fluorescence lifetimes

DNA mismatch enzyme τ1 ((0.2) (ns) τ2 ((0.5) (ns) τ3 ((0.5) (ns) 〈τnum〉 (ns)

ATTAA PG
TAAGG

2 mismatches
P in +1 position

WT-T4
20 °C

0.8 [0.13] 2.8 [0.75] 8.5 [0.12] 3.2

ATTAA PG
TAAGG

2 mismatches
P in +1 position

WT-T4
40 °C

1.2 [0.15] 2.8 [0.77] 8.2 [0.08] 3.0

ATTAA PG
TAAGG

2 mismatches
P in +1 position

T4-exo-

20 °C
0.8 [0.28] 3.0 [0.60] 8.8 [0.12] 3.1

ATTAA PG
TAAGG

2 mismatches
P in +1 position

T4-exo-

40 °C
1.2 [0.23] 2.8 [0.68] 8.8 [0.09] 3.0

ATTAPAG
TAAGG

2 mismatches
P in “n” position

WT-T4
20 °C

0.8 [0.16] 3.0 [0.77] 8.5 [0.07] 3.0

ATTAAT P
TAAGG

2 mismatches
P in +2 position

WT-T4
20 °C

0.9 [0.22] 3.0 [0.72] 8.2 [0.06] 2.9

ATTAA PG
TAATTT

1 mismatch
P in “n” position

WT-T4
20 °C

0.8 [0.24] 2.8 [0.62] 8.5 [0.14] 3.1

a Binary complexes were formed with DNA substrates containing mismatched primer termini, which resemble the A+T-rich DNA illustrated in
Figure 1A except for the sequences shown above. 2-Aminopurine (P) and the mismatches are highlighted in bold. Fluorescence lifetimes were
determined as described in the Materials and Methods. Errors in fluorescence lifetime (τ) are indicated in parentheses. The pre-exponential factors
(amplitudes) are indicated in brackets; errors for amplitudes are(0.05.

FIGURE 4: Temperature effect on the distribution of fluorescence components. Wild type or T4-exo- (400 nM) was mixed with 200 nM
A+T-rich DNA to form fluorescent binary complexes as described in the Materials and Methods. Heating increased the amplitude of the
3.2 ns component for complexes formed with both DNA polymerases. A common set of four lifetimes was obtained by global analysis. The
fluorescence lifetimes, amplitudes, and average lifetime values for individual curve fits are given in Supplemental Table 2 in the Supporting
Information for complexes formed with wild-type T4 DNA polymerase and in Supplemental Table 3 in the Supporting Information for
complexes formed with T4-exo-.
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there was essentially no difference in the distribution of
lifetime components detected for binary complexes formed
with the wild-type or T4-exo- polymerases (Figure 4), which
indicates that increased temperature assists T4-exo- in
forming the 3.2 ns component at the expense of the 10.5 ns
component.

Complexes were also formed with the G+C-rich DNA
substrate (Figure 1B) and the wild-type and T4-exo- poly-
merases. The matched G+C-rich DNA substrate was ex-
pected to favor the formation of polymerase complexes
because G+C-richness reduces proofreading (19, 25). In
keeping with this prediction, the shortest lifetime component
detected, 0.7-0.9 ns, was the predominant component
detected for complexes formed with both DNA polymerases
at 10 °C, 64 and 70%, respectively, for wild type and T4-
exo- (Supplemental Tables 2 and 3 in the Supporting
Information). Only 10-13% of the complexes were char-
acterized by the lifetime associated with forming exonuclease
complexes, about 3.0-3.5 ns. Heating the complexes formed
with both DNA polymerases to 40°C, however, increased
the amplitude of the 3.0-3.5 ns component to 60-65% while
decreasing the amplitude of the 0.7-0.9 ns component to
about 25% (Supplemental Tables 2 and 3 in the Supporting
Information). Thus, while the formation of apparent poly-
merase complexes characterized by the 0.7-0.9 ns lifetime
is favored at 20°C, the increased temperature appears to
destabilize the G+C-rich DNA to promote the increased
formation of complexes characterized by the 3.0-3.5 ns
lifetime.

While the increased temperature has a well-established role
in assisting the formation of exonuclease complexes (18, 34),
heating may have other effects on 2AP fluorescence, namely,
to quench 2AP fluorescence dynamically by increasing
collisions between neighboring bases. We observed, however,
that 2AP fluorescence in unbound DNAs increased slightly
at 55°C compared to 20°C (data not shown), which suggests
that the major effect of temperature on 2AP fluorescence is
to facilitate base unstacking. Thus, the temperature effects
observed on 2AP fluorescence in T4 DNA polymerase
complexes appear to be caused primarily by shifts in the
distribution of ground-state populations of complexes rather
than by heat-induced nonradiative decay.

Effect of A+T- and G+C-Richness of DNA Substrates on
the Formation of Complexes Characterized by the 10.5 ns
Lifetime Component.Fluorescence lifetimes were determined

for several binary complexes that were formed with T4-exo-

and a variety of DNA substrates that differed in the number
and orientation of AT and GC base pairs in the primer-
terminal region (Tables 1 and 3). Complexes were formed
with three primarily A+T-rich and three primarily G+C-
rich DNA substrates. Fluorescence lifetimes detected for
complexes formed with the A+T-rich DNA 1 (Figure 1A)
were very similar to complexes formed with the A+T-rich
DNA 3, which has an additional AT base pair compared to
DNA 1, and 2AP is adjacent to a 3′ T instead of a 3′ A
(Tables 1 and 3). DNA 4 differs from DNA 3 by having a
single CG base pair at the primer terminus. The addition of
a terminal CG base pair to the otherwise A+T-rich primer-
terminal region reduced the amplitude of the longest lifetime
component and increased the amplitudes of the 8.3 ns and
shortest lifetime components (Table 3).

While the 10.5 ns component was not detected for
complexes formed with the G+C-rich DNA 2 (Table 1), the
addition of a single terminal TA base pair to the otherwise
G+C-rich DNA (DNA 5) produced complexes in which a
10.0 ns species was a minor component (Table 3). The 8.3
ns component was the most abundant species detected for
complexes formed with DNA 5 (Table 3), while the 0.7 ns
component was the most abundant species observed for
complexes formed with the fully G+C-rich DNA 2 (Table
1). Reversing the orientation of the terminal CG base pair
in DNA 2 to GC in DNA 6 produced complexes with the
lowest fluorescence intensity and the highest concentration
of the shortest lifetime species (Table 3). The low fluores-
cence intensity of complexes formed with DNA 6 suggests
that G may form an unusual complex with 2AP, which will
be studied in future experiments.

Complexes were also formed with two additional DNA
substrates that resembled the A+T-rich DNA 3 and the
G+C-rich DNA 5, except that the 5′ G adjacent to 2AP in
the template strand was replaced by a 5′ C. These experi-
ments were performed to determine if the 5′ G adjacent to
2AP affected fluorescence. No differences were observed
for complexes formed with the 5′ C versions of DNAs 3
and 5 (data not shown).

Formation of Binary Complexes with Mutant T4 DNA
Polymerases DefectiVe in Proofreading.As discussed above,
more of the 10.5 ns component was detected for complexes
formed at 20°C with the A+T-rich DNA and T4-exo- than
with the wild-type T4 DNA polymerase (Figure 4). The wild-

Table 3: Binary Complexes Formed with T4-exo- and A+T- and G+C-rich DNA Substratesa

fluorescence lifetimes

DNA τ1 ((0.2) (ns) τ2 ((0.5) (ns) τ3 ((0.5) (ns) τ4 ((0.5) (ns) 〈τnum〉 (ns)

3 ATTAATPG
TAATTA

0.9 [0.22] 3.2 [0.13] 8.0 [0.13] 10.2 [0.52] 7.0

4 ATTAACPG
TAATTG

1.0 [0.39] 3.2 [0.12] 8.3 [0.23] 10.7 [0.26] 5.5

5 GCCGCTPG
CGGCGA

0.8 [0.37] 3.6 [0.12] 8.3 [0.43] 10.0 [0.08] 5.1

6 CGCCGGPG
GCGGCC

0.8 [0.86] 3.2 [0.10] 8.0 [0.04] 1.3

a Binary complexes were formed with six DNA substrates that varied only in the primer-terminal region. The prototype A+T- and G+C-rich
DNAs 1 and 2 are illustrated in parts A and B of Figure 1, and the fluorescence lifetimes determined for these DNAs are presented in Table 1. The
DNA sequence of the primer-terminal regions for DNAs 3-6 are given; the remainder of the DNA sequences are identical to DNAs 1 and 2. 2AP
is illustrated as aP. Fluorescence lifetimes were determined as described in the Materials and Methods. Errors in fluorescence lifetime (τ) are
indicated in parentheses. The pre-exponential factors (amplitudes) are indicated in brackets; errors for amplitudes are(0.05. Relative fluorescence
intensities are with respect to the intensities measured for the unbound DNA substrates. Theø2 values for the fits varied between 0.96 and 1.20.
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type T4 DNA polymerase instead formed more of the 3.2
ns component, which is correlated with formation of exo-
nuclease complexes (Figure 4). Thus, the D112A/E114A
amino acid substitutions in the exonuclease active center of
T4-exo- affect partitioning between fluorescent species by
increasing the formation of complexes characterized by the
10.5 ns lifetime while decreasing formation of exonuclease
complexes.

Additional mutant T4 DNA polymerases with defects in
exonucleolytic proofreading were examined for their ability
to form the 10.5 and 3.2 ns components (global fits in Figure
5A; individual fits in Supplementary Table 4 in the Sup-
porting Information). The L412M- and G255S-DNA poly-
merases were discovered by genetic selection methods that
identified mutant DNA polymerases with the reduced ability

to proofread (35). Both the L412M- and G255S-DNA
polymerases have a reduced ability to form exonuclease
complexes (24, 28, 35, 36); thus, both mutant DNA poly-
merases were predicted to have a reduced ability to form
the 3.2 ns component, which was observed (Figure 5A). The
decreased ability to form complexes characterized by the 3.2
ns lifetime was accompanied by the increased ability to form
complexes characterized by the 10.5 ns lifetime (Figure 5A).
The combination of the D112A/E114A and L412M substitu-
tions to produce L412M-exo- created a mutant DNA
polymerase that was even more deficient in forming the 3.2
ns component and more proficient in forming the 10.5 ns
component than the singly mutant DNA polymerases (Figure
5A). The reduced amplitude of the 3.2 ns component in
complexes formed with the proofreading-defective mutant
DNA polymerases provides additional evidence that the 3.2
ns component is a signature for the formation of exonuclease
complexes. In addition, because the reduced ability to form
the 3.2 ns component is linked to the increased formation
of the 10.5 ns component, the 10.5 ns component appears
to be formed when the formation of exonuclease complexes
is hindered.

To further check that formation of complexes characterized
by the 10.5 ns lifetime was due to the hindered formation of
exonuclease complexes characterized by the 3.2 ns lifetime,
additional studies were done with the G255S-DNA poly-
merase. In previous studies, we demonstrated that the G255S-
DNA polymerase cannot efficiently form exonuclease com-
plexes with matched DNA substrates but can form complexes
with DNA substrates with two or three terminal mismatches
(24). While only 6% of complexes formed with the G255S-
DNA polymerase and the matched A+T-rich DNA substrate
were characterized by the 3.2 ns lifetime, 61% of the
complexes formed with the mismatched DNA with two
terminal mismatches were apparent exonuclease complexes
with the 3.2 ns lifetime (Figure 5B). Heating binary
complexes formed with the matched A+T-rich DNA and
the G255S-DNA polymerase also increased the formation
of complexes characterized by the 3.2 ns lifetime while
decreasing complexes characterized by the 10.5 ns lifetime
(Figure 5B).

DISCUSSION

T4 DNA polymerase binding to DNA substrates labeled
with 2AP in the templating position produces fluorescent
binary complexes, but the fluorescence intensity detected for
the complexes depends upon experimental conditions. Fluo-
rescence lifetime experiments were performed to characterize
the fluorescent complexes. When complexes were formed
under conditions that favor the formation of nucleotide
incorporation complexes (G+C-rich DNA, ternary complexes
with dTTP), a component with a lifetime of about 0.8 ns
was the predominant fluorescent species detected (Tables 1
and 3 and Figure 3A). When complexes were formed under
conditions that favor the formation of exonuclease complexes
(mismatched DNA substrates, at high temperatures), a
component with a lifetime of about 3.2 ns was the predomi-
nant species (Table 2 and Figure 4). When complexes were
formed with A+T-rich DNAs and proofreading-defective
DNA polymerases (Figure 5), a component with a lifetime
of about 10.5 ns was the predominant species. Because clear
trends for the formation of fluorescent species were observed

FIGURE 5: Formation of binary complexes with proofreading-
defective DNA polymerases. Mutant DNA polymerases (400 nM)
were mixed with 200 nM A+T-rich DNA to form fluorescent binary
complexes as described in the Materials and Methods. (A) Reduced
ability to proofread increases formation of complexes characterized
by the 10.5 ns lifetime and decreases formation of complexes
characterized by the 3.2 ns lifetime. (B) Increased temperature and
preformed mismatches at the primer terminus assist the G255S-
DNA polymerase in forming complexes characterized by the 3.2
ns lifetime. A common set of four lifetimes was obtained by global
analysis. The fluorescence lifetimes, amplitudes, and average
lifetime values for individual curve fits are given in Supplemental
Table 4 in the Supporting Information.
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with increases in dTTP paralleling increases in the amplitude
of the 0.8 ns component (Figure 3A), with increases in
temperature paralleling increases in the amplitude of the 3.2
ns component (Figure 4), and with increases in proofreading
deficiency paralleling increases in the amplitude of the 10.5
ns component (Figure 5), 2AP appears to be in different
conformational states in the functionally distinct complexes.
This information can be used to track the formation of
different T4 DNA polymerase complexes that are formed
with 2AP-labeled DNA throughout the course of the nucle-
otide incorporation and proofreading reactions.

For experiments that begin with the formation of binary
complexes in which 2AP is in the+1 position in the template
strand (Figure 1A), 2AP is in position to report on several
types of DNA polymerase complexes. DNA polymerases
could bind the DNA to form complexes in which a nucleotide
has just been incorporated, or complexes may be formed in
which the DNA polymerase has translocated and is in
position to bind the next incoming nucleotide. Alternatively,
if the DNA polymerase cannot form stable polymerase
complexes, exonuclease complexes may be produced.

A distinctive complex, characterized by a∼10.5 ns
lifetime, was formed with T4-exo- or other proofreading-
deficient DNA polymerases and the A+T-rich DNA substrate
(Table 1 and Figure 5). Because the 10.5 ns lifetime is similar
to the 10.2-10.4 ns lifetimes determined for the 2AP
nucleoside in buffer (21, 32), 2AP in these complexes appears
to be solvent-exposed and unstacked. Only the base in the
+1 position in these complexes appears to be unstacked
because the 10.5 ns lifetime component is not detected for
2AP placed at other positions in the template strand (16, data
not shown). Although we cannot determine from these
studies alone if 2AP base unstacking is produced by DNA-
polymerase-induced bending of the template strand, flipping
of 2AP to an extra helical position, or some other mechanism,
base-base interactions on both sides of 2AP are predicted to
be substantially relieved in complexes characterized by the
10.5 ns lifetime.

Our working model is that complexes characterized by
the 10.5 ns lifetime are complexes that are not committed
to nucleotide incorporation or proofreading but instead are
formed at the junction of these two pathways. This proposal
is supported by experiments in which reaction conditions
were altered to “tip the balance” toward the formation of
nucleotide incorporation or proofreading complexes. Nucle-
otide incorporation complexes were produced by the addition
of dTTP/Mg2+ to binary complexes formed with T4 exo-

and the chain-terminated A+T-rich DNA substrate (Figure
1C). As the dTTP concentration increased, 2AP fluorescence
was quenched, which was caused primarily by a decrease in
the amplitude of the highly fluorescent 10.5 ns component
and a parallel increase in the amplitude of the 0.8 ns
component (Figure 3A and Supplemental Table 1 in the
Supporting Information). A complex behavior was observed
for the 8.3 ns component, which appeared to increase slightly
at low concentrations of dTTP and then to decrease with
added dTTP (Figure 3A). We speculate that complexes
characterized by the 8.3 ns lifetime are nucleotide preinser-
tion complexes that may resemble preinsertion complexes
detected for the T7 RNA polymerase in which the templating
base is somewhat unstacked (37). The addition of dTTP
initially stabilizes the formation of complexes characterized

by the 8.3 ns lifetime at the expense of complexes character-
ized by the 10.5 ns lifetime. The addition of dTTP also
increases the formation of complexes characterized by the
0.8 ns lifetime, and at high concentrations of dTTP, the 0.8
ns species predominates. The reduced fluorescence intensity
of 2AP in these enzyme-DNA-dTTP complexes is consis-
tent with structural studies of ternary complexes that show
close proximity of the template base with the 3′-neighboring
base (4, 5), which is predicted to quench 2AP fluorescence
by base-base stacking and collisional interactions as de-
scribed by Rachofsky et al. (22).

Mismatched DNA substrates and increased temperature
tip the balance in favor of forming exonuclease complexes.
At 40 °C, the most abundant binary complex formed with
wild type and T4-exo- with A+T-rich DNA was character-
ized by the 3.2 ns lifetime (Figure 4), which is also the
approximate lifetime of the most abundant complexes formed
with mismatched DNAs (Table 2). To form exonuclease
complexes, the primer end is separated from the template
strand in a reaction that depends upon aâ-hairpin structure
that appears to act as a wedge between the two strands (2,
6, 24). A serine substitution for G255 in the loop of the
â-hairpin structure in T4 DNA polymerase significantly
reduces the rate of formation of exonuclease complexes and,
as a consequence, creates a mutator DNA polymerase (24,
35). In a recent structure of an exonuclease complex formed
with the T4-related RB69 DNA polymerase (6), the 5′-single-
stranded region of the template strand and the tip of the loop
of theâ-hairpin structure are disordered. These observations
were interpreted to indicate movement of the template strand
and theâ hairpin. 2AP fluorescence studies support this
proposal because the 2.8-3.0 ns component was the most
abundant species detected for 2AP in then, +1, or +2
positions in exonuclease complexes, which suggests that 2AP
in all three positions in the template strand share a similar
environment (Table 2). Movement in the single-stranded
region is expected to reduce base-base interactions tran-
siently, which could be the basis for generating the∼3.2 ns
lifetime.

Studies of proofreading-defective DNA polymerases pro-
vide additional evidence that the∼3.2 ns lifetime is a
signature for the formation of exonuclease complexes and
that complexes characterized by the∼10.5 ns lifetime are
formed at the junction of the nucleotide incorporation and
proofreading pathways. While 42% of the complexes formed
with the wild-type T4 DNA polymerase and the A+T-rich
DNA substrate illustrated in Figure 1A were characterized
by the ∼3.2 ns lifetime (Figure 4), only 3-15% of the
complexes formed with proofreading-defective DNA poly-
merases were characterized by the∼3.2 ns lifetime (Figure
5 and Supplemental Table 4 in the Supporting Information).
Instead, proofreading-defective DNA polymerases formed
complexes characterized by the∼10.5 ns lifetime; the highest
amount of this highly fluorescent component was observed
for complexes formed with the multiply mutant L412M-exo-

DNA polymerase (Figure 5A).
An important conclusion from these studies is that T4

DNA polymerase can distinguish between DNA substrates
with A+T- or G+C-rich primer-terminal regions and form
functionally distinct complexes accordingly. Complexes
characterized by the∼3.2 ns fluorescence lifetime, apparent
exonuclease complexes, are formed preferentially by the
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wild-type T4 DNA polymerase with A+T-rich DNAs, and
complexes characterized by the∼0.8 ns lifetime, apparent
polymerase complexes, are formed with G+C-rich DNAs
(Supplemental Table 2 in the Supporting Information).
However, if exonuclease complexes cannot be readily formed
with the A+T-rich DNA, as is the case for proofreading-
defective T4 DNA polymerases, polymerase complexes
characterized by the∼0.8 ns lifetime are not formed as a
default; instead, complexes characterized by the∼10.5 ns
lifetime are formed (Figure 5). Because translocation after
nucleotide incorporation does not appear to be needed to form
exonuclease complexes (6), complexes characterized by the
10.5 ns lifetime may not have translocated to be in position
to bind the next incoming nucleotide. If so, then the A+T-
richness of the primer-terminal region results in the formation
of stalled T4 DNA polymerase complexes. Interestingly, in
some structures of theBacillusDNA polymerase I fragment
in “stalled” conformations with different mismatched DNAs,
the template strand is bent and the base in the+1 position
is unstacked (9). If the base in the+1 position was 2AP,
then a fluorescent complex would be produced. The ability
of DNA polymerases to sense instability of the primer-
terminal region is predicted to be useful for detecting buried
mismatches and DNA polymerases have been reported to
do so (38, 39). DNA polymerases may encounter DNA
substrates with matched primer ends but with mismatches
or strand misalignments in the primer-terminal region. The
correction of these errors by exonucleolytic proofreading
before primer elongation could be an important contribution
to replication fidelity.

In summary, we provide evidence for a novel DNA
polymerase complex, characterized by a∼10.5 ns lifetime,
which forms at the crossroads of the nucleotide incorporation
and proofreading pathways. These studies also provide a
starting point to further probe interactions of the T4 DNA
polymerase with 2AP-labeled DNA substrates. For example,
the mechanisms for how T4 DNA polymerase detects primer
instability and for how 2AP fluorescence is quenched within
complexes have not yet been determined. In addition, these
studies demonstrate that 2AP fluorescence can be used to
measure both the dynamics of DNA polymerase interactions
with DNA in real time (15-17) and to correlate changes in
2AP fluorescence with the formation of functionally distinct
complexes.
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